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ABSTRACT: The development of next-generation transmembrane
protein-based biosensors relies heavily on the use of black lipid
membranes (BLMs); however, electrical, mechanical, and temporal
instability of BLMs poses a limiting challenge to biosensor development.
In this work, micrometer-sized glass apertures were modified with silanes
of different chain length and fluorine composition, including 3-
cyanopropyldimethychlorosilane (CPDCS), ethyldimethylchlorosilane
(EDCS), n-octyldimethylchlorosilane (ODCS), (tridecafluoro-1, 1, 2, 2-
tetrahydrooctyl)dimethylchlorosilane (PFDCS), or (heptadecafluoro-
1,1,2,2-tetrahydrodecyl)dimethylchlorosilane (PFDDCS), to explore the
effect of substrate surface energy on BLM stability. Low energy silane-
modified surfaces promoted enhanced lipid−substrate interactions that
facilitate the formation of low-leakage, stable BLMs. The surface energies
of silane-modified substrates were 30 ± 3, 16 ± 1, 14 ± 2, 11 ± 1, and 7.1 ± 2 mJ m−2 for CDCS, EDCS, ODCS, PFDCS, and
PFDDCS, respectively. Decreased surface energy directly correlated to improved electrical, mechanical, and temporal BLM
stability. Amphiphobic perfluorinated surface modifiers yielded superior performance compared to traditional hydrocarbon
modifiers in terms of stability and BLM formation, with only marginal effects on BLM membrane permeability. Leakage currents
obtained for PFDCS and PFDDCS BLMs were elevated only 10−30%, though PFDDCS modification yielded >5-fold increase in
electrical stability as indicated by breakdown voltage (> 2000 mV vs 418 ± 73 mV), and >25-fold increase in mechanical stability
as indicated by air−water transfers (> 50 vs 2 ± 0.2) when compared to previously reported CPDCS modification. Importantly,
the dramatically improved membrane stabilities were achieved with no deleterious effects on reconstituted ion channel function,
as evidenced by α-hemolysin activity. Thus, this approach provides a simple, low cost, and broadly applicable alternative for BLM
stabilization and should contribute significantly toward the development of next-generation ion-channel-functionalized
biosensors.
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■ INTRODUCTION

Ion channels transport ions across biological membranes in a
ligand, voltage, and/or ion concentration-dependent manner.
Ion channels are potentially powerful transducers for high
sensitivity, label-free chemical measurements because small
changes in ion flux across phospholipid membranes can be
measured electrically with high sensitivity. Ion channels are
increasingly used for nucleic acid sequencing1−3 and genotyp-
ing,4,5 and have been used to detect electrochemically and
optically inactive analytes,6 divalent metal ions,7 drugs,8

pesticides, and other compounds.9,10 The most common
implementations of ion channel measurement for sensing and
sequencing involve the reconstitution of ion channels into an
artificial lipid bilayer suspended across a microaperture,
commonly referred to as a black lipid membrane (BLM).11 A
key limitation in the continued development of ion-channel-
functionalized sensors remains the ability to form BLMs with
sufficient electrical, temporal, and mechanical stability in a
manner that is broadly applicable.12,13 Methods that overcome
these challenges in a manner that is accessible to researchers

across multiple disciplines will significantly enable the develop-
ment of next-generation ion-channel-functionalized biosensors.
A number of mechanisms for BLM stabilization have been
developed, including, but not limited to, integration of
stabilizing polymer layers at the BLM interface, the use of
reactive lipids, and reduction of aperture size.
Stability can be improved by sandwiching the bilayer

between gel phase materials or viscous polymers.14−16 While
this approach is very powerful for nanopore sequencing and
static sensor measurements, time-resolved sensing is limited
because viscous polymers inhibit diffusional access of analytes
in solution to the ion channel, thus increasing response times.
Increased BLM stability has been achieved using synthetic

lipids via photopolymerization of reactive lipids.17−21 While
polymerized BLMs offer unparalleled stability, their use is
complicated by decreased membrane fluidity, which is required
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for ion channel insertion and activity.18,20 Further, synthetic
polymerizable lipids are costly to produce and few are
commercially available, significantly limiting the widespread
adoption of this approach.22,23 To accelerate widespread sensor
development, more robust and readily available methods are
required for BLM stabilization.
Methods that improve BLM stability by decreasing the size

or modifying the surface chemistry of the aperture show
promise because BLM function is not affected. Stable
supported bilayers have been formed on hydrophilic glass
substrates containing nm-sized apertures in which the lipid
head groups interact with the glass surface (Figure 1A).24 While

the stability is markedly increased compared to micrometer-
sized apertures, primarily due to the reduced surface area of the
BLM, the corresponding decrease in surface area complicates
aperture fabrication and bilayer formation. The low nm
aperture diameters also require extended time and ion channel
concentrations to achieve active sensors. Furthermore, this
approach suffers from elevated conductance via ion leakage
through the ca. 1 nm H2O layer between the hydrophilic glass
surface and the polar lipid head groups (Figure 1A) due to
enhanced radial migration via the confined water layer upon
voltage application,25 potentially limiting the sensitivity of ion-
channel-functionalized sensors.
To overcome this limitation, nm- and μm-sized apertures

fabricated in glass pipettes have been modified with 3-
cyanopropyldimethyl-chlorosilane (CPDCS), which forms a
self-assembled monolayer that decreases the energy of the glass
surface.18,26,27 Decreased surface energy facilitates lipid
monolayer formation by promoting interactions between the
hydrophobic lipid tail and the aperture substrate material,28,29

similar to that observed on large Teflon apertures.30 On
CPDCS-modified surfaces, BLMs form when lipid monolayers
join from opposite faces of a pipette aperture to form a
suspended bilayer (Figure 1B)26,31 analogous to the Montal−
Mueller technique of folding two lipid monolayers from
opposite sides of a Teflon aperture.32,33 While CPDCS
modification has proven useful in the formation of low leakage
BLMs on glass apertures,18 the temporal and mechanical
stability for μm-sized apertures using non-polymerizable lipids
desirable for sensor and sequencing experiments is still
insufficient to catalyze widespread sensor development.18,31

To address this key limitation in ion-channel-functionalized
sensor development, we explored the effect of the surface
energy of the underlying aperture substrate on the electrical,
mechanical, and temporal stabilities of BLMs. Micron-sized
glass apertures and surfaces were modified with silanes of
varying functionality. Surface characterization of modified

planar Si substrates was utilized to identify candidates for
aperture modification and subsequent studies of electrical
performance and BLM stability. The function of highly
stabilized BLMs was evaluated via activity measurements of
reconstituted ion channels. The resulting BLM stabilization
strategy provides a simple, broadly applicable approach for
producing highly stable BLMs that is broadly accessible.

■ EXPERIMENTAL SECTION
Chemicals and Materials. KCl, 2-[4-(2-hydroxyethyl)piperazin-1-

yl]ethanesulfonic acid (HEPES), and α-hemolysin (α-HL) were
purchased from Sigma-Aldrich (St. Louis, MO). Ethyldimethylchlor-
osilane (EDCS), 3-aminopropyldimethylethoxysilane (APDES), n-
octyldimethylchlorosilane (ODCS), 3,3,3-trifluoropropyldimethyl-
chlorosilane (FPDCS), trimethylchlorosilane (TCS), (tridecafluoro-
1,1,2,2-tetrahydrooctyl)trichlorosilane (PFTCS), (tridecafluoro-
1,1,2,2-tetrahydrooctyl)dimethylchlorosilane (PFDCS), and (heptade-
cafluoro-1,1,2,2-tetrahydrodecyl)dimethylchlorosilane (PFDDCS)
were purchased from Gelest Inc. (Morrisville, PA). 3-Cyanopropyldi-
methylchlorosilane (CPDCS) was purchased from TCI America Inc.
(Portland, OR). The structures for each silane are shown in the
Supporting Information (Scheme SI-1). Na2HPO4, KH2PO4, anhy-
drous acetonitrile (ACN), 70% H2SO4, 30% H2O2, and NaCl were
purchased from EMD Chemical Inc. (Gibbstown, NJ). Ethanol was
purchased from Decon Laboratories (King of Prussia, PA). 1,2-
Diphytanoyl-sn-glycero-3-phosphocholine (DPhPC), 1,2-dilauroyl-sn-
glycero-3-phosphocholine (DLPC) in chloroform, and 1,2-dipalmi-
toyl-sn-glycerol-3-phosphoethanolamine-N-lissamine rhodamine B
sulfonyl (Rh-DPPE) were purchased from Avanti Polar Lipids Inc.
(Alabaster, AL). Microscope cover slides (22 × 22 mm2) and 100-
oriented Si wafers used for surface characterization were purchased
from VWR (Radnor, PA) and Wafer World, Inc. (West Palm Beach,
FL), respectively. H2O used for all experiments was obtained from a
Barnstead EasyPure UV/UF purifier with a minimum resistivity of 18.3
MΩ cm.

Surface Modification of Planar Substrates. Silane monolayers
were deposited on glass and Si planar substrates by a solution phase
modification. Prior to silanization, substrates were cleaned either by
immersion in piranha solution (5:2 70% H2SO4:30% H2O2) for 30
min or immersion in 1 M HNO3 for 30 min, with no significant
difference observed between the two cleaning procedures. Following
cleaning, substrates were rinsed consecutively with H2O and acetone,
and dried consecutively with compressed Ar and baking at 70 °C for
15−30 min. The substrates were immediately transferred to a 2% (v/
v) solution of silane modifiers in solvent. ACN was used as the solvent
for CPDCS, FPDCS, TCS, and EDCS surface modifications, while
toluene was used for ODCS, PFTCS, PFDCS, and PFDDCS
modifications. The reaction was allowed to proceed at room
temperature with <20% relative humidity for 6−8 h. Reactions that
exceeded 8 h resulted in silane-aggregate formation observed by AFM,
especially for PFDCS modifications (Supporting Information).
Following the reaction, substrates were sonicated successively in
ACN or toluene, ethanol, and H2O for 5 min each and dried with
compressed N2. Static H2O contact angles, AFM surface scans, and
ellipsometry measurements were obtained within 30 min after
substrate modification.

Surface Characterization by Atomic Force Microscopy
(AFM). An Agilent 5500 AFM (Agilent Technologies, Inc., Chandler,
AZ) was used in the tapping mode to measure the surface roughness
of native and modified SiO2 (Si/SiO2) with a NSC14/AIBS scanning
probe tuned between 250 and 400 kHz with a force constant of 5.7 N
m−1. The standard scanning probe was mounted on a rectangular 3.4
× 1.6 × 0.4 mm3 Si chip, with a tip height of 20−30 μm, tip radius <10
nm, and cone angle of <40°. A minimum of three samples were
imaged with each substrate scanned at a minimum of three sites. The
image scan area was 1 μm2, and the root-mean-square (RMS) surface
roughness were calculated using PicoView 6.2 software (Agilent).

Surface Characterization by Ellipsometry. Monolayer thick-
ness on Si substrates was measured using a model 43603-200E

Figure 1. Schematic of BLM formation on unmodified and silane-
modified glass microapertures. (A) Unmodified micropipet apertures
yield supported lipid bilayers with a conductive water layer
approximately 1 nm thick. (B) Silane-modified micropipet apertures
result in suspended lipid bilayers with a tails-down lipid orientation at
the lipid−glass interface.
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ellipsometer (Rudolph Research, Santa Clara, CA). The native SiO2
layer on Si substrate (Si/SiO2) was measured to be 1.9 ± 0.02 nm
based on a refractive index of 1.46. A 632.8 nm HeNe laser line was
incident on the sample at an angle of 70°.34

Contact Angle Measurements. Contact angles on each modified
and unmodified planar substrate were measured using the sessile
droplet method at four locations for each substrate, and repeated for at
least three replicate substrates. 2 μL ofH2O or n-decane droplets were
manually deposited onto the surface of the substrates using a
micropipet. Images were acquired using a model TM-7CN video
camera (Pulnix America, Inc., Sunnyvale, CA), and contact angles were
measured with a model DSA 10 MK2 drop shape analysis system
(Kruss, Charlotte, NC).34

Formation of Planar Lipid Membranes. DLPC doped with 2
mol % Rh-DPPE was rapidly dried using compressed Ar followed by
additional vacuum drying for 4 h. Dried lipid/dye mixture was
dissolved in PBS buffer (137 mM NaCl, 2.7 mM KCl, 10 mM
Na2HPO4, and 2 mM KH2PO4 at pH 7.4) to a final concentration of
0.5 mg mL−1. Small unilamellar vesicles were formed by ultra-
sonication using a cup horn attachment (model W-380, Heat Systems-
Ultrasonics, Inc., Newtown, CT) for 30 min at 25 °C, or until the
solution appeared clear. Incubation of lipid vesicles on planar glass
substrates cleaned with piranha was used as the control. Following 4 h
of vesicle fusion, the lipid solution was exchanged at least 12 times
with 200 μL of PBS buffer to rinse excess lipids from solution. The
substrate surface was scratched to provide fluorescence contrast, and
rinsed again with buffer to remove floating debris. Lipid bilayers were
distinguished from monolayers by comparing the difference in relative
fluorescence intensity of the lipid layers.26,35 The fluorescence images
of lipid layers on glass substrates were collected using a Nikon Eclipse
TE300 inverted epifluorescence microscope with a 20×/0.13 N.A.
objective (Nikon Instrument Inc., Melville, NY) and a Quantix 57
back-illuminated CCD camera (Roper Scientific, Tucson, AZ). Images
were captured using MetaVue software (Universal Imaging, Down-
ingtown, PA) and analyzed using ImageJ.36

Pipette Aperture Fabrication and Silanization. Borosilicate
capillaries (World Precision Instruments, Novato, CA) with O.D. and
I.D. of 1.5 and 1.1 mm, respectively, were fabricated into pipettes
containing microapertures using a P-97 micropipet puller (Sutter
Instruments, Navato, CA) and fire polished with a model MF-900
microforge (Narishige, East Meadow, NY) to produce aperture
diameters of 25−35 μm (Figure S1, Supporting Information) for BLM
formation. Aperture diameters of 25−35 μm were specifically chosen
because BLM formation can easily be distinguished from supported
bilayer formation (Figure 1) or clog formation. Fabricated pipettes
were filled and submerged in 0.1 M HNO3 for 30 min followed by
rinsing with H2O. The pipettes were subsequently rinsed with acetone
and dried in an oven at 70° C for 15−30 min. The pipettes were
immediately filled and submerged in 2% (v/v) solution of silane
modifier dissolved in either ACN or toluene (as previously described)
for 6−12 h. The resulting modified pipettes were rinsed with either
ACN or toluene, followed by ethanol and H2O.
Following the initial evaluations of PFTCS, monochlorosilanes or

monoethoxysilanes were used for substrate modification because they
form uniform monolayers on surface silanol groups compared to
trichlorosilanes or triethoxysilanes, which freely polymerize to form
heterogeneous silane layers.37,38

BLM Formation and Characterization. BLMs were formed
using a painting method described previously.18 Briefly, stock lipid
solutions were dried using compressed Ar and then placed in a
lyophilizer for at least 4 h. Dried lipid was dissolved in n-decane to a
final concentration of 10 mg mL−1. DPhPC was used for all BLM
studies on functionalized pipette apertures. A 3 μL aliquot of lipid
solution was applied to the tip of the pipette and dried with N2. Prior
to BLM formation, pipettes were filled with recording buffer
containing 1 M KCl and 5 mM HEPES (pH 7.4). The pipette was
mounted on the headstage of a patch clamp amplifier (EPC-8 or EPC-
10, HEKA Electronics, Bellmore, NY), and 2 μL of lipid solution was
applied near the pipette tip after immersion into recording buffer. The
lipid solution was swept gently across the aperture using a plastic

pipette tip. A 20 Hz square-wave pulse of ±5 mV versus Ag/AgCl was
applied across the pipette aperture, and formation of a BLM was
indicated by a change in resistance from 10−100 KΩ (for an open
pipette) to 1−10 GΩ (for a BLM).

To verify BLM formation, an increasing potential was applied across
the membrane from −100 to 1000 mV in 10 mV increments of 50 ms
duration, for a total of 110 steps. When pipettes did not return to open
resistance after applying 1000 mV, or 2000 mV in the case of BLMs
suspended on perfluorinated modified pipette apertures, clean plastic
pipette tips were dragged across the aperture to remove excess lipid/
decane solution. When failure to observe a BLM continued (i.e., the
apertures were clogged), plastic pipette tips were repeatedly swept
across the aperture while applying increasing potential (−100 to
+1000 or +2000 mV) to clear the aperture. Air−water transfers
(AWT), which refers to the number of times a bilayer survives
transport across an air−water interface, and BLM conductance were
also used to verify BLM formation. To monitor ion channel activity, 2
μL of α-HL (0.5 mg mL−1 in recording buffer) was added to 500 μL
bath solution while applying +40 mV across the BLM.

Data Analysis and Presentation. All data is presented in the
form of mean ± standard deviation. Error bars within the figures
represent 1 standard deviation from the mean. A minimum of three
replicate measurements on at least three different planar or BLM
substrates were collected for each modification.

■ RESULTS AND DISCUSSION

BLMs prepared on unmodified glass pipette apertures yield an
increased conductance and decreased stability compared to
those formed on hydrophobic aperture materials, likely due to
the difference in membrane organization at the glass−lipid
interface (Figure 1).24,39 While glass micropipets provide a
platform to more readily produce smaller apertures, the
increased conductance caused by ion leakage via the thin
hydration layer limits the overall utility of these apertures for
single channel recordings of low conductance ion channels.24

CPDCS-modified apertures reduce membrane conductance
and ion leakage and provide a moderate extension of BLM
lifetime compared to bare glass apertures.18,26 To our
knowledge, the effect of aperture surface energy, a key property
in determining the assembly of supported lipid membranes, has
not been investigated as a tool to increase BLM stability. If
effective, this approach would provide a simple, low cost
alternative to membrane stabilization that is more broadly
accessible compared to existing stabilization methods and
should, therefore, markedly accelerate the development of
BLM-functionalized sensors. We hypothesized that decreasing
surface energy below that achieved by conventional CPDCS
modification would enhance the interactions between the lipids
and the substrate near the aperture opening, thus improving
BLM stability. Additionally, we hypothesized that amphiphobic
surface modifications (repellent to both polar and non-polar
solvents) would expedite stable BLM formation and lead to
more stable BLMs relative to hydrocarbon modifiers by
excluding residual organic solvent at the BLM/support
interface. To test these hypotheses, we evaluated planar lipid
membrane and BLM formation on modified substrates via
surface and electrophysiological characterization.

Characterization of Lipid Monolayer Membranes on
Planar Substrates. We first evaluated the properties that lead
to stable lipid monolayer formation on planar substrates to
identify the optimal conditions for pipette and aperture surface
modification. To evaluate the formation of uniform silane
monolayers on oxidized planar Si/SiO2 (Si substrates) after
silanization, the monolayer thickness and surface roughness
were measured. Si substrates exhibited a lower surface
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roughness (RMS = 0.10 nm) than glass substrates (RMS = 0.30
nm), agreeing well with previous reports.40 Thus, Si substrates
were used for subsequent surface characterizations.
Table 1 shows silane surface roughness values, monolayer

thicknesses, contact angles, and derived calculated surface
energies for the selected modifications. Monolayer thicknesses
ranging from 0.3 ± 0.04 to 0.8 ± 0.1 nm were measured using
ellipsometry after functionalization with monochlorosilane
modifiers, whereas the trichlorosilane modifier (PFTCS)
yielded substantial increases in monolayer thickness (Table
1). The measured silane monolayer thickness was observed to
increase with increasing hydrophobicity and chain length.
Unfortunately, we were unable to characterize the thickness of
the hybrid membrane on modified planar surfaces by
ellipsometry. Lipid membrane organization is maintained by
relatively weak non-covalent interactions that are disrupted
upon extended and complete drying, a requisite of our
ellipsometry measurments. Prior examination of hybrid
membranes prepared from polymerized lipids did provide for
ellipsometric measurements, and thicknesses corresponding to
a lipid monolayer were observed.41 Thus, additional surface and
membrane characterization was performed.
The roughness of modified surfaces was evaluated, since

surface roughness influences surface energy measurements42

and substantial surface roughness may challenge the formation
of BLMs on modified surfaces, or result in BLMs with low

resistance electrical seals at the lipid−aperture interface. The
RMS roughness calculated from surface area scans of 1 μm2 was
well within the accepted range of <1 nm for BLM and planar
supported bilayer formation for all the monochlorosilanes
examined, though PFTCS-modified substrates exhibited a RMS
roughness of 2.5 ± 0.4 (Table 1). Large aggregates ca. 5−7 nm
tall were observed on PFTCS-modified substrates (Supporting
Information, Figure S2) due to polymerization of the reactive
trichlorosilane functional groups. The formation of a highly
polymeric and heterogeneous surface by trichlorosilanes was
similar to trialkoxysilanes as previously reported.38 The
thickness of the large aggregates formed by PFTCS-modified
substrates correlated with AFM surface roughness, as shown in
Table 1. Later studies showed frequent clogging of pipette
apertures with PFTCS modifications, thus challenging the
formation of BLMs. On PFDCS- and PFDDCS-modified
substrates, silane aggregates with diameters of 30−100 nm and
ca. 2 nm tall were observed (Supporting Information, Figure
S2), although later studies revealed that these aggregates were
not sufficient to challenge BLM formation.
To evaluate the surface energy of silane-modified surfaces,

sessile droplet H2O contact angles were measured on planar Si
substrates (Supporting Information, Figure S3). Figure 2
summarizes the H2O contact angles, n-decane contact angles,
and surface energies of the silane modifiers used in this work.

Table 1. Surface Characterization of Silane Monolayers on Si Substrates

surface
modification

silane monolayer thickness
(nm)

surface roughness RMS
(nm)

H2O contact angle
(deg)

n-decane contact angle
(deg)

surface energy
(mJ m−2)

Si (as received) 0.10 ± 0.03 34 ± 7 <10
acid cleaned 0.00 0.16 ± 0.04 <10 <10 73
CPDCS 0.3 ± 0.04 0.33 ± 0.05 74 ± 1 <10 30 ± 3
EDCS 0.5 ± 0.09 0.31 ± 0.1 93 ± 2 <10 16 ± 1
ODCS 0.5 ± 0.03 0.40 ± 0.08 100 ± 3 <10 14 ± 2
PFDCS 0.6 ± 0.08 0.50 ± 0.1 108 ± 2 52 ± 2 11 ± 1
PFDDCS 0.8 ± 0.1 0.68 ± 0.5 113 ± 2 66 ± 3 7.1 ± 2
PFTCS 5.5 ± 2 2.5 ± 0.4 111 ± 3 63 ± 3 7.9 ± 1

Figure 2. Contact angles and surface energy for planar silane-modified Si surfaces. Water (blue) and n-decane (grey) contact angles are indicated by
the left y-axis. Surface energy (red crosshatch) is indicated by the right y-axis.
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Surface energy was calculated using the Young−Dupre−́
Good−Girifalco equation.43−45

θ ϕ γ γ= −cos 2 / 1sv lv (1)

where ϕ is a correction factor (assumed here to be unity) and
γsv and γlv are the interfacial free energies of solid−vapor and
liquid−vapor interfaces, respectively. Using γlv = 72.8 mJ m−2

for a H2O/atmosphere interface at 21.5 °C,46 the surface
energy was calculated for each modified substrate.
The static H2O contact angles for PFDDCS, PFDCS, and

CPDCS modifications agree well with previous reports.47,40,48

Acid cleaned substrates appeared thoroughly wetted; thus, the
H2O contact angle was <10°. A minimum surface energy of 7.1
± 2 mJ m−2 was achieved by functionalizing the high-energy
surface of Si substrates with PFDDCS (contact angle = 113 ±
2°), agreeing well with previous reports for CF3-modified
surfaces.49,50 Control surfaces treated with ACN or toluene
showed only a small change in water contact angle (< 40°)
compared to acid cleaned substrates, suggesting that the
dominant influence on surface energy under these conditions
was surface silane modification. Surface modifications that
yielded the lowest surface energies, EDCS, ODCS, PFDCS,
PFTCS, and PFDDCS, were selected for further investigation
of BLM formation.
Contact angles of n-decane droplets were also measured to

investigate the amphiphobicity of silane modifications, since
amphiphobicity may have an impact on the formation of BLMs
on modified surfaces. Following BLM painting, residual n-
decane existing between monolayer leaflets and at BLM/
support interfaces improves BLM stability by serving as a
vibration absorber; however, excessive solvent layer thickness
may increase electrical fluctuations during recordings51 and
challenge BLM formation. Solvent expulsion, or thinning,
facilitates interactions between lipid tails and substrate
surfaces.30 On surfaces that are completely wetted by n-decane,
membrane thinning may be much slower. Thus, surfaces that
are selective to lipid/substrate over solvent/substrate inter-
actions are preferred.
The n-decane contact angle measured on bare Si and on all

modified substrates showed complete wettability (<10°) with
the exception of PFDCS-, PFTCS-, and PFDDCS-modified
substrates, which yielded contact angles of 52 ± 2, 63 ± 3, and
66 ± 3°, respectively. (Figure 2). Although the numbers of
fluorocarbons for PFDCS and PFTCS were the same, the n-
decane contact angles were statistically different. The higher n-
decane contact angle for PFTCS is likely due to increased
surface roughness following polymerization of the PFTCS. The
complete wetting of bare Si and the hydrophobic modified
substrate may be due to the dominant long-range van der Waals
forces between bulk n-decane and the underlying Si.52,53 The
observed amphiphobic character of PFDCS-, PFTCS-, and
PFDDCS-modified surfaces agrees well with previous reports51

and may be particularly advantageous for BLM formation, as
poorer solvent (e.g., n-decane) wetting may lead to more rapid
thinning and more direct contact between the lipids and the
aperture substrate.
Previous characterizations of lipid monolayers on modified

substrates by fluorescence microscopy revealed that lipids
exhibit a tail-down orientation to form lipid monolayers when
vesicles were fused on CPDCS-modified planar glass
substrates.25,35,53 We followed a similar approach to evaluate
membrane structure on the surface modifications investigated

here. Complete fusion of lipid vesicles on unmodified or high
energy surfaces was observed after ca. 30 min; however, vesicle
fusion on low energy surfaces required longer fusion times (ca.
4−8 h), agreeing well with previous reports.54−56,41 The surface
was scratched to remove lipids, producing a fluorescence
contrast, and a line profile of relative fluorescence intensity
drawn from the scratched area to the lipid layer was used to
determine the difference in lipid layer thickness. Cremer et al.
have shown that scratching removes the underlying lipid layer,
while permanent scoring of the lipid layer was pH dependent.
Thus, at basic pH, the scratch was permanent but would heal at
a lower pH (4.5).35

The formation of hybrid lipid membranes on low energy
PFDCS- and PFDDCS-modified surfaces compared to
unmodified glass agrees well with prior reports54−56 (Support-
ing Information, Figure S4). Table 2 shows normalized

fluorescence intensities for membranes deposited on silane-
modified surfaces. Fluorescence intensities of the lipid layer on
all silane-modified glass substrates were ca. 50% that of
unmodified glass, which is well-established to support lipid
bilayers, supporting the presence of a lipid monolayer formed
due to lipid tail/substrate interactions. All of the selected
modified surfaces supported lipid monolayer formation within
4−8 h of vesicle fusion except PFTCS-modified surfaces. The
normalized fluorescence intensity of lipid membrane on
PFTCS corresponded to less than half a bilayer (0.35 ±
0.11) due to the heterogeneous surface of PFTCS-modified
substrates, which had a significant influence on membrane
deposition (Supporting Information, Figure S4). The adverse
effect of heterogeneous substrates on uniform lipid monolayer
membrane formation agrees with previous work.55,57

Although complete vesicle fusion occurred after ca. 10 h,
defects were still present for PFTCS-modified substrates. The
normalized fluorescence intensity of the lipid monolayer
membrane, however, increased by 31% from 0.35 ± 0.11 in 8
h to 0.44 ± 0.04 in ca. 10 h for regions that supported hybrid
bilayer formation. Conversely, increased time of vesicle fusion
on PFDDCS-modified substrate resulted in complete hybrid
lipid membrane formation (0.51 ± 0.06) with no observable
defects. While vesicle fusion on high energy surfaces involves
adsorption, rapture, and fusion, the mechanism of vesicle
disruption on low energy surfaces is unknown.58 Although the
rate of vesicle fusion leading to monolayer membrane
formation is slowed on very low energy surfaces,54 the
mechanism differs for BLM formation across modified pipette
apertures which requires manual painting and solvent thinning.

Pipette Aperture Characterization. Following the
identification of suitable surface conditions to form uniform
lipid monolayers on silane-modified planar surfaces, we directly

Table 2. Normalized Fluorescence Intensities of DLPC/Rh-
DPPE Layers on Silane-Modified Surfaces

modifier normalized intensitya

none (control) 0.96 ± 0.03
CPDCS 0.51 ± 0.02
EDCS 0.48 ± 0.02
ODCS 0.50 ± 0.02
PFDCS 0.52 ± 0.02
PFTCS 0.35 ± 0.11
PFDDCS 0.45 ± 0.08

a8 h fusion time.
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evaluated the effects of silane composition on pipette surface
chemistry and BLM formation. Direct surface characterization
of glass micropipet apertures is challenging due to the surface
topology; thus, different, but complementary, characterization
methods were employed.
To evaluate the surface energy of the apertures, glass

capillaries from which pipette apertures are fabricated were
modified with CPDCS, EDCS, ODCS, PFDCS, PFTCS, or
PFDDCS. APDCS, FPDCS, and TCS were excluded from
further study due to the high surface energies observed. The
interfacial free energies for the solid−vapor interfaces were
qualitatively distinguished by capillary action, as shown in
Figure 3. The hydrophobicity in the modified glass pipettes
increased (CPDCS < EDCS < ODCS < PFDCS = PFTCS <
PFDDCS), as indicated by increasing H2O contact angles of 44
± 2, 61 ± 1, 90 ± 1, 93 ± 2, 94 ± 2, and 101 ± 3°, respectively.
Surface free energy (γ) for the solid−liquid interface was
calculated for each condition based on eq 2

γ
ρ

=
Θ

grh
2 cos (2)

where h is the equilibrium water rise height, Θ is the contact
angle of the surface, r is the capillary radius, g is the gravitational
constant, and ρ is the density of water.59 The high surface
energy of unmodified glass pipettes (68 ± 0.5 mJ m−2) was
markedly reduced after modification with selected silane
modifiers (Table 3). Surface energies ranging from 11 to 54
mJ m−2 were measured for the silane modifiers investigated,
with the lowest surface energies corresponding to the
perfluorinated modified surfaces. Although the estimated
surface energies in modified capillaries were higher than those
observed on planar substrates, the decreasing trend in surface
energy (Table 3) was similar, indicating that the silane
modification protocol was suitable for modification of glass
micropipet apertures.
We then explored the relationship between silane modifier

composition and BLM stability. BLMs were formed across
modified micropipet apertures of 25−35 μm diameter, and
membrane conductance, breakdown voltage (VB), longevity,
and the number of air−water transfers (AWT) were measured
as indicators of BLM stability. Membrane conductance and VB

are complementary measures of electrical stability, while AWT
and longevity are metrics of mechanical and temporal stability,
respectively.
We observed rapid (<2 min) formation of BLMs across

PFDCS- and PFDDCS-modified apertures, which may be due
to the rapid exclusion of residual n-decane from the monolayer
leaflets and at the BLM/support interface. Exclusion of n-
decane from BLMs suspended across CPDCS-, EDCS-, and
ODCS-modified pipettes was slower and thus required 5−10
min to reach stable recordings, when monitored by
conductance curves. Though fusion to hydrophobic substrates,
including the amphiphobic modifiers PFDCS and PFDDCS,
was slowed substantially, the mechanism of BLM formation is
quite different, which accounts for the more rapid BLM
formation observed. Vesicle fusion relies on vesicle size,
concentration, and intermolecular forces that lead to interaction
and rupture of the vesicle on the substrate.55 Conversely, BLM
formation relies on manual painting, lipid organization, and
subsequent thinning of residual organic solvent trapped
between the leaflets of the bilayer. In surfaces that are well
wetted by organic solvents, thinning is slowed compared to
amphiphobic surfaces that better exclude these solvents.
Increased interaction between the lipid and the modified

aperture surfaces should result in decreased ion conductance at
the lipid−aperture interface. All modifiers used in the present
study, except PFTCS, were capable of supporting BLM
formation and exhibited statistically significant reductions in
leakage currents relative to unmodified glass pipettes (Table 3).
Despite a low surface energy, we were unable to form BLMs
using PFTCS, likely due to the increased surface roughness and
silane aggregation observed on planar substrates. ODCS-
modified pipettes yielded a two-fold reduction in mean BLM
conductance compared with CPDCS-modified pipettes, with
conductances of (2.4 ± 0.7) × 10−2 and (5.8 ± 0.5) × 10−2 pS
μm−2, respectively. BLM conductance for EDCS-modified
pipettes was not statistically different from CPDCS-modified
pipettes with 95% confidence. Interestingly, BLM conductance
on PFDCS- and PFDDCS-modified pipettes ((8.3 ± 3.3) ×
10−2 and (6.1 ± 1.2) × 10−2 pS μm−2, respectively) was similar
to CPDCS-modified pipettes. The increased conductance for
PFDCS and PFDDCS relative to ODCS, which exhibits a

Figure 3. Estimation of H2O contact angle in 1.1 mm I.D. capillaries. The capillaries were (A) acid cleaned, (B) CPDCS-modified, (C) EDCS-
modified, (D) ODCS-modified, (E) PFDCS-modified, (F) PFTCS-modified, and (G) PFDDCS-modified.

Table 3. Physical and Electrical Properties of BLMs Suspended on Silane-Modified Pipette Apertures

modifier surface energy (mJ m−2) VB (mV) air−water transfer normalized conductance (×10−2 pS μm−2) longevity (h)

unmodified 68 ± 0.5 N.A.a 1 17.2 ± 2.4 0.6 ± 0.3
CPDCS 54 ± 2.0 418 ± 73 2.0 ± 0.2 5.8 ± 0.5 2 ± 1
EDCS 40 ± 0.8 525 ± 34 4.8 ± 1 4.7 ± 1.4 3 ± 1
ODCS 18 ± 0.4 605 ± 53 6.1 ± 2 2.4 ± 0.7 6 ± 2
PFDCS 16 ± 1.0 885 ± 62 >50 8.3 ± 3.3 8 ± 1
PFDDCS 11 ± 1.0 >2000b >50 6.1 ± 1.2 >13
PFTCS 16 ± 0.9 N.A.a N.A.a N.A.a N.A.a

aN.A.: not available due to frequent clogging. bNo breakdown, transient pores observed at 2000 mV.
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similar surface energy to PFDCS, may result from a
combination of two possible phenomena. First, silane
aggregates observed in AFM images of the PFDCS-modified
substrates (Supporting Information, Figure S2) may contribute
to a poor electrical seal at the aperture−membrane interface,
though not inhibit BLM formation. Second, the amphiphobic
property of PFDCS and PFDDCS modification may result in
decreased annulus volume at the aperture−membrane interface,
which would effectively increase the active area of the lipid
bilayer, leading to increased total conductance. The latter
phenomenon is further supported by studies performed on the
process of BLM formation which is dependent on solvent
thinning across preconditioned apertures.30,51 Snyder et al.
showed that BLM formation starts by expelling solvent from
lipid monolayer leaflets into the annulus region. Thus, the less
solvent that exists between lipid monolayer leaflets, the faster
the thinning rate and the larger the active area of BLM
formed.60 In this study, bilayer area was assumed to be
unaffected by surface modifications, which may have introduced
systematic bias in the area-normalized conductance values.
VB represents the potential at which a large, nonlinear

increase in ion conductance is observed, resulting from
electrical breakdown of the lipid bilayer. Thus, VB provides
an indication of the electrical stability of the BLM. The
observed VB for DPhPC bilayers suspended across CPDCS-
modified apertures (418 ± 73 mV) agreed well with previous
reports.61 For DPhPC BLMs suspended across CPDCS-,
EDCS-, ODCS-, PFDCS-, and PFDDCS-modified pipette
apertures, BLM breakdown was observed to increase with
decreasing surface energy (Table 3), indicating that increased
interaction between lipid tails and modified surfaces leads to
improved electrical stability. Bilayer breakdown can be classified
as either irreversible or reversible, based on whether the bilayer
reforms spontaneously (reversible) or not (irreversible).62,63

BLMs formed on ODCS-, PFDCS-, and PFDDCS-modified
pipettes underwent reversible breakdown, whereas BLMs
suspended on CPDCS- and EDCS-modified pipettes under-
went irreversible breakdown. The reversible breakdown of
BLMs on low energy surfaces may suggest that the mechanism
of breakdown is affected by increased lipid−surface interactions
at the bilayer−aperture interface, though investigation of the
underlying phenomenon is beyond the scope of this work.
AWT refers to the number of times a bilayer survives

transport across an air−water interface, and provides an
indication of the relative mechanical stability of the BLMs,
since synthetic lipid membranes readily degrade when exposed
to air. As seen in Table 3, silane modification markedly
increased the mechanical stability of the BLM. Interestingly,
this effect is substantially higher for PFDCS and PFDDCS
compared to other silanes. The observed increase in the
number of air−water transfer measurements may be due to a
stronger intercalation between the hydrophobic tail of the lipid
monolayer and the underlying hydrophobic or amphiphobic
substrate.
BLM lifetime is measured as the average time required for a

BLM to spontaneously break down under the application of a
±5 mV 20 Hz square-wave test pulse. Decreased surface energy
clearly resulted in increased temporal stability, with average
lifetimes of 6 to >13 h observed for BLMs on ODCS-, PFDCS-,
and PFDDCS-modified apertures compared to 2 ± 1 h for
CPDCS-modified and 0.6 ± 0.3 h for unmodified apertures.
The increase in average lifetime likely results from the stronger
interactions between the lipid and the underlying surfaces,

minimizing gradual surface dissociation of lipids, which
ultimately leads to catastrophic breakdown.
Overall, improved electrical, mechanical, and temporal

stability of BLMs suspended across silane-modified apertures
was strongly correlated with decreasing aperture surface energy.
We attribute this correlation to increased interactions between
lipid tails and the silane-modified aperture surface, which acts to
anchor the BLM to the aperture. Interestingly, increased BLM
stability may not be strictly the result of decreased surface
energy but in the case of PFDCS- or PFDDCS-modified
apertures may also benefit from selective lipid−substrate
interactions. PFDCS and PFDDCS were unique among the
surface modifiers for their amphiphobic quality, which resists
wetting by either H2O or n-decane (Figure 2). Previous reports
have shown perfluorinated surfaces are slightly wetted by
lipids.28,54 While the present work did not study the wettability
of modified surfaces by lipids, it is likely that lipid/substrate
interactions favored over n-decane/substrate interactions play a
crucial role in the marked improvement of BLM stability
observed on PFDCS- and PFDDCS-modified apertures.

Reconstitution of Ion Channel Forming Peptides. To
ensure that the increased stability observed for silane-modified
apertures did not negatively affect BLM fluidity and, thus, ion
channel recordings, the bacterial protein (α-HL) was
reconstituted into BLMs formed across apertures modified
with varying silanes. α-HL forms a 26 Å diameter pore with a
characteristic conductance of 1 nS,64,65 and is commonly
utilized for BLM characterization. Insertion of α-HL was
evaluated by monitoring the ion current across the BLM.
Reconstitution of α-HL into the BLM was observed as a step
increase in current of approximately 40 pA (Supporting
Information, Figure S5), at which time bath solution was
immediately diluted to prevent multiple ion channel insertions.
Table 4 summarizes the mean conductance measured upon

reconstitution of α-HL into BLMs supported on silane-
modified apertures. The α-HL conductance in each case (ca.
1 nS) agrees well with previous reports,65 and no statistically
unique populations were observed (Supporting Information,
Figure S5). α-HL reconstitution clearly demonstrated that
stabilized BLMs formed on silane-modified pipette apertures
exert no negative impact on ion channel activity. Interestingly, a
decrease in baseline noise was observed that corresponded to
decreased surface energy. This phenomenon is likely due to
decreasing dielectric properties of the apertures which are
similar to low-noise recordings observed for BLMs suspended
across highly hydrophobic Teflon apertures.66 Although ODCS
BLMs yielded an ca. 2−4-fold reduction in the magnitude of
ion conductance background compared to PFDCS- and
PFDDCS-modified apertures, the reduced baseline noise
generated by PFDCS or PFDDCS modification may offset
this difference for future sensor measurements.

Table 4. α-HL Conductance in BLMs Suspended from
Silane-Modified Glass Apertures

modifier α-HL conductance (nS)

CPDCS 0.93 ± 0.11
EDCS 0.83 ± 0.23
ODCS 1.03 ± 0.05
PFDCS 1.00 ± 0.08
PFDDCS 0.92 ± 0.06
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■ CONCLUSIONS
This study addressed a key requirement for long-term,
widespread realization of ion-channel-functionalized sensors
increased membrane stability. Surface-modified planar Si
substrates were investigated to identify substrate modifications
that lead to highly stable BLMs for long term recordings. Low
energy surfaces were found to provide markedly enhanced
BLMs with respect to electrical, mechanical, and temporal
stability while supporting lower noise ion channel recordings.
Of particular interest, modification with perfluorinated silane
modifiers, PFDCS and PFDDCS, afforded a 4- to 7-fold
increase in BLM lifetime, a 2- to 5-fold increase in electrical
stability, and a >25-fold increase in mechanical stability when
compared to conventional (CPDCS) modifications. This
approach is simple, low cost, and widely accessible, suggesting
that it could immediately impact the development of ion-
channel-functionalized sensors and other techniques that rely
upon the formation of stabilized lipid bilayers across micro-
meter-sized apertures.
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